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Abstract. The composition of phenols and other aromatic compounds in organic and mineral soil horizons and their respective source
vegetation from different climatic zones of the Canadian Prairies were analyzed using CuO oxidation and gas chromatography-mass
spectrometry (GC-MS) to investigate the stage of lignin degradation. Parameters based on the CuO oxidation products were calculated
for the soils and corresponding vegetation to determine the lignin sources and to monitor the lignin degradation. In addition to the
widely used lignin monomer parameters, parameters resulting from lignin-derived phenolic dimers are used for the first time to assess
lignin degradation in soils. The composition of lignin-derived phenols (S/V, C/V) in soil closely matches the composition observed in
their respective source plants (grass, Aspen, Pine) reflecting the preservation of characteristic lignin patterns in soils. Degradation
parameters based on lignin phenols and benzenes derived from tannins or other phenolic biomolecules indicate a progressive deg-
radation from the vegetation to the soil horizons. In addition to commonly used lignin monomer indicators, parameters based on the
lignin dimers are applied. Lignin degradation is found to be lowest in the Pine forest, intermediate in the grassland soils and highest in
the Aspen-grassland transition soil. Degradation parameters based on non-lignin aromatic derivatives (3,5-dihydroxybenzoic acid,
benzenepolycarboxylic acids) demonstrate a similar trend. The lignin from samples in the cooler climate (Black Chernozems) is
observed to be more oxidized than in the soils from the warmer climate (Brown Chernozems) suggesting that abiotic processes may be
in involved in the alteration of lignin and other phenolic biomolecules in soils. The results indicate that the comparative analysis of
CuO oxidation products of soils and source vegetation is a valuable tool to assess the sources and degradation of lignin in soils.

Introduction

Organic molecules derived from vascular plants are the major source of soil organic matter (SOM) and
accounts for approximately 75% of the active soil organic carbon reservoirs (Gofi and Hedges 1992;
Hedges 1992). Lignin is one of the most abundant biomolecules of vascular plants and represents a
significant input of plant organic matter to soils (Gleixner et al. 2001). Compared to other plant-derived
molecules such as cellulose which are rapidly mineralized in soils, lignin decomposition may be relatively
slower in cooler climates (Dai et al. 2002) and the accumulation of lignin in some soils has been observed
(Lichtfouse et al. 1995; Kogel-Knabner 2002; Dignac et al. 2005). Only a small group of fungi (white-rot
and brown-rot fungi) are able to biodegrade lignin in terrestrial environments while bacteria are pre-
dominant in the biodegradation of lignin in aquatic systems (Benner et al. 1986; Gleixner et al. 2001). Since
the biodegradation of lignin and other constituents of SOM depend on environmental factors such as pH
and temperature, changes in climate or land use will alter the SOM decomposition and possibly result in an
increased release of carbon dioxide to the atmosphere (Schimel et al. 1994; Trumbore 1997; Franzluebbers
et al. 2001; Gleixner et al. 2001). Therefore, the potential for SOM to release elevated amounts of carbon
dioxide from increased decomposition rates caused by global warming is of great concern (Trumbore et al.
1996; Schlesinger and Andrews 2000).

The chemical analysis of lignin is difficult due to the intricate structure of the ligno-cellulose complex
consisting of the polysaccharide cellulose and the phenol-based network of the lignin macromolecule.
However, the alkaline oxidation with CuO and the analysis of the products with gas chromatography-flame
ionization detection (GC-FID) or gas chromatography-mass spectrometry (GC-MS) has proven to be a
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valuable method for the analyses of lignin and cutin in plants, soils and sediments (Hedges and Ertel 1982;
Kogel and Bochter 1985; Goni et al. 2000; Kogel-Knabner 2000). CuO oxidation does not completely
depolymerize lignin and is therefore not quantitative, but the method cleaves aryl ether bonds and releases
phenolic monomers and dimers from the outer part of the lignin polymer that are indicative of lignin
content and composition (Johansson et al. 1986; Kogel 1986; Goiii and Hedges 1992). Lignin is composed
of the derivatives of three basic structural classes: vanillyls, syringyls, and cinnamyls. The composition of
these lignin phenols is characteristic of major plant groups such as angiosperms and gymnosperms (Hedges
and Mann 1979; Hedges and Ertel 1982). Several parameters for the determination of lignin degradation
have been proposed after field observations and laboratory experiments. Laboratory studies such as the
incubation of wood with fungi have indicated that the yields of CuO oxidation products decrease with
progressing biodegradation while the acid to aldehyde ratios (Ad/Al) of the vanillyl and syringyl type
monomers, respectively, increase (Ertel and Hedges 1985; Hedges et al. 1988; Opsahl and Benner 1995).
The (Ad/Al) ratios have been applied in numerous studies to determine the degradation stage of SOM and
riverine organic matter (OM; e.g., Ertel and Hedges 1984; Hedges et al. 1988; Goiii et al. 1993, 2000). In
addition to the lignin monomers, the composition of dimeric lignin phenols was found to be characteristic
for the source and degradation of lignin in sediments and several parameters based on lignin dimers were
proposed (Goiii and Hedges 1992). In addition, several aromatic compounds such as p-hydroxybenzal-
dehyde and hydroxybenzoic acids are commonly found among the CuO oxidation products of SOM and
riverine OM (Hedges and Ertel 1982; Goni et al. 2000). These benzenes do not solely originate from lignin,
but are derived from proteins and/or phenolic plant biomolecules such as tannins (Hedges and Parker 1976;
Goiii et al. 2000). Ratios involving benzene derivatives such as the 3,5-dihydroxybenzoic acid/vanillyls
ratio were also suggested as degradation parameters for the OM in rivers and soils (Prahl et al. 1994).

Previous studies on the lignin composition using alkaline CuO oxidation focused on the organic matter
in river, shelf sediments and soils (e.g., Ertel and Hedges 1985; Kd&gel and Bochter, 1985; Hedges et al.
1988; Prahl et al. 1994; Goiii et al. 2000; Kogel-Knabner 2000) but this method has not been extensively
applied to study the progression of lignin degradation in fresh plant material, leaf litter and SOM.
Although the contents of major lignin phenols and the (Ad/Al) ratios for soils with different source
vegetation have been reported (e.g., Kogel and Bochter 1985; Ziegler et al. 1986; Sanger et al. 1996;
Rumpel et al. 2002), comparative studies of the molecular composition of CuO oxidation products and
degradation of lignin in soils and their source plants are not as prevalent (Sanger et al. 1996; van Bergen
et al. 1997, 1998; Nierop 2001; Nierop et al. 2001; Nierop and Verstraten 2003). In this study, the CuO
oxidation products of organic and mineral soil horizons and their respective source vegetation were
analyzed to investigate the lignin degradation in soils at the molecular-level. Parameters for lignin com-
position and degradation based on the CuO oxidation products were calculated for the fresh and
decomposing plants and the soil horizons to determine the lignin sources and to monitor the progressing
lignin degradation in soils. Source and degradation parameters based on lignin dimers as previously
proposed for riverine OM by Goiii et al. (2000) are applied here to evaluate their applicability and utility
to the study of SOM biogeochemistry. The samples originate from the Prairie Ecozone of Western Canada
which accounts for 80% of the arable agricultural land in Canada and contains large reserves of soil
organic carbon (Janzen et al. 1998).

Materials and methods
Soil and vegetation samples

Soil and vegetation samples were collected from Alberta, Canada in October of 2002. Sample details are
listed in Table 1. Samples were collected from a variety of soil environments (grassland, forest-grassland,
and pine forest). The grassland sample set (Brown, Dark Brown, and Black Chernozems) includes four
different samples that represent soils with similar soil forming factors with the exception of climate. The
dominant vegetation, Western Wheatgrass (Agropyron smithii), was also collected from some sites and



Table 1. Soil and vegetation sample properties.
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Samples Location Soil sample pH® Texture Soil moisture
depth?® regime®

Grassland

Brown Chernozem SE of Lethbridge, 0-15 cm 6.4 Loam Subarid
Alberta to Semiarid

Decomposing grass SE of Lethbridge, na na na Subarid
Alberta to Semiarid

Fresh grass (grass 1) SE of Lethbridge, na na na Subarid
Alberta to Semiarid

Dark Brown Lethbridge, Alberta 0-15 cm 6.6 Silt Loam Semiarid

Chernozem Ah

Fresh grass (grass 2) Lethbridge, Alberta na na na

Orthic Black Tofield, Alberta 0-15 cm 6.75 Silt Loam Subhumid

Chernozem Ah

Eluviated Black Ellerslie, Alberta 0-15 cm 6.4 Silt Loam Subhumid

Chernozem Ah

Aspen-Grassland

Brown Aspen Leaves Strathcona county, na na na Subhumid
Alberta

Dark Gray Strathcona county, 0-10 cm 6.1 Loam Subhumid

Chernozem Ah Alberta

Dark Gray Strathcona county, 10-25 cm 6.0 Loam Subhumid

Chernozem Ahe Alberta

Pine Forest

Pine needles Hinton, Alberta na na na Subhumid

to Humid

Brunisol leaf Hinton, Alberta 5-0 cm 5.8 na Subhumid

lifter layer (LFH) to Humid

Brunisol O Horizon Hinton, Alberta 0-20 cm 5.8 na Subhumid

to Humid

na =not applicable.

“This is the depth sampled, not the depth of the horizon.
®Measured in deionized water.

°From Soil Classification Working Group (1998).

analyzed. The mean annual soil temperature varies from 1.7 °C in the Black Chernozemic soil zone to
3.3 °C in the Brown Chernozemic soil zone (Janzen et al. 1998). The annual precipitation is reported to be
452 mm in the Black Chernozemic soil zone and 413 mm in the Brown Chernozemic soil zone (Janzen et al.
1998).

The Dark Gray Chernozem was sampled from the grassland-forest transition zone in Strathcona
County, Alberta. Vegetation samples were collected from a stand of Quaking Aspen (Populus tremula) in a
grassed area and included brown Aspen leaves. Two soil samples were collected from this site. The first is
an organic-rich surface horizon (Ah, 0-10 cm) and an eluviated, organic-rich horizon (Ahe, 10-25 cm).

The Eutric Brunisol soil samples (referred to as Brunisol samples) were taken from a pristine conifer
forest near Hinton, Alberta, and the vegetation was dominated by Lodgepole Pine (Pinus contorta)
associated with grasses in the herbaceous layer. Green pine needles, leaf litter consisting mainly of Pine
needles and minor amounts of grass and angiosperm leaves, and the organic horizon (O) were sampled.
The Brunisolic soil does not have a surface mineral horizon (classified as <17% organic carbon)
because the environmental conditions promote the accumulation of organic matter which results in an
organic rich (>17% organic carbon) surface horizon (O horizon).

The soil samples were air-dried and stored in glass containers at room temperature. Mineral soil samples
were passed through a 2 mm sieve prior to extraction. All plant materials and organic horizons were freeze-
dried and kept in glass containers at —20 °C to prevent microbial degradation.
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Determination of carbon and nitrogen contents

Carbon and nitrogen contents were determined using an elemental Analyzer Vario EL III (Hanau, Ger-
many) C, H, O, N, S elemental analyzer. Soil samples were ground into a fine powder and milligram
quantities were analyzed for carbon and nitrogen contents. Samples were run in duplicate and the average
carbon and nitrogen contents are reported in Table 1. The degree of variability between duplicate mea-
surements varied from 0 to 0.5% (data not shown). Inorganic carbon, such as carbonates, was determined
by the method of Bundy and Bremner (1972). This entailed acidifying the sample with 2 M HCI, collecting
any evolved CO; in 5 ml of 2.0 M KOH and then back titrating the KOH to determine the amount of
inorganic carbon in the sample. Inorganic carbon was not detected in any of the soil horizons or plants
used in this study. Consequently, elemental carbon values represent the amount of organic carbon in these
samples.

CuO oxidation

The soil and plant samples were solvent-extracted to remove soluble lipids. The detailed extraction
procedure and the composition of extractable lipids were published elsewhere (Otto et al. 2005). Subs-
amples of the solvent-extracted soil samples were oxidized with CuO to release lignin-derived phenols
(modified after Hedges and Ertel 1982). Teflon-lined bombs (20 ml) were loaded with 2 g of dry soil, 1 g
CuO (pre-extracted with dichloromethane), 100 mg ammonium iron (II) sulfate hexahydrate
[Fe(NH,),(SO4), - 6 H,O] and 15 ml of 2 M NaOH. The teflon vessels were purged with nitrogen gas,
sealed and heated for 2.5 h at 170 °C. After heating, the bombs were cooled under running water, the
liquid was decanted into a teflon centrifuge tube (50 ml), and the residue was washed twice with each
10 ml deionized water using a magnetic stirrer for 10 min. The combined washings were transferred to
the centrifuge tube and centrifuged for 30 min at 2500 rpm. The supernatant was decanted into a fresh
teflon centrifuge tube, acidified to pH 1 using 6 M HCI and kept for 1 h at room temperature in the
dark to prevent reactions of cinnamic acids. After centrifugation (30 min at 2500 rpm) the supernatant
was transferred to a separation funnel and liquid-liquid extracted twice with each 50 ml diethyl ether.
Anhydrous Na,SO,4 was added to the combined ether phases to remove any remaining water. The ether
extracts were concentrated by rotary evaporation, transferred to 2 ml glass vials and dried under
nitrogen gas. The CuO yields were determined by weighing the dry residues. The comparative CuO
oxidation of three subsamples (2 g each) of the Orthic Black Chernozem yielded 4.8, 5.0 and 5.5 mg of
products, representing 94-108% of the average and demonstrating the reproducibility of the method.

Derivatization of extracts and Gas chromatography — Mass Spectrometry

The CuO oxidation products were redissolved in 500 pul dichloromethane:methanol (1:1; v/v). Aliquots of
the extracts (100 pl) were dried in a stream of nitrogen and then converted to trimethylsilyl (TMS)
derivatives by reaction with 90 pl N,O-bis-(trimethylsilyl)trifluoroacetamide (BSTFA) and 10 pl pyridine
for 3 h at 70 °C. After cooling, 100 pul hexane was added to dilute the extracts. GC-MS analyses of the
derivatized extracts was performed on an Agilent model 6890N GC coupled to an Agilent model 5973N
quadrupole mass selective detector (MSD). Separation was achieved on a HP-5MS fused silica capillary
column (30 mx0.25 mm i.d., 0.25 pm film thickness). The GC operating conditions were as follows:
temperature hold at 65 °C for 2 min, increase from 65 to 300 °C at a rate of 6 °C/min with a final
isothermal hold at 300 °C for 20 min. Helium was used as carrier gas. The sample was injected with a 1:2
split and the injector temperature set at 280 °C. The samples (1 pl) were injected with an Agilent 7683
autosampler. The mass spectrometer was operated in the electron impact mode (EI) at 70 ¢V ionization
energy and scanned from 50 to 650 D. Data were acquired and processed with Agilent Chemstation
G1701DA software. Individual compounds were identified by comparison of mass spectra with literature,
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Wiley MS library data, comparison with authentic standards, or interpretation of mass spectrometric
fragmentation patterns. Vanillic acid (as trimethylsilyl derivative) was used as the external quantification
standard.

Lignin composition and degradation parameters

The composition of phenolic lignin compounds obtained after CuO oxidation can be used to calculate
parameters for the origin and degradation stage of the lignin. Therefore, the ratios of syringyl to vanillyl
(S/V) and cinnamyl to vanillyl type (C/V) monomers according to Ertel and Hedges (1984), the lignin
phenol vegetation index (LPVI) proposed by Tareq et al. (2004), and the ratio of lignin dimers vs.
monomers (D/M) were calculated to determine sources of lignin in SOM. Parameters for the degradation
stage included commonly used parameters such as the total lignin yield after CuO oxidation expressed in
mg/g C (VSC), and the ratios of lignin-derived phenolic acids and their corresponding aldehydes (Ad/Al)
for vanillyl (Ad/Al), and syringyl (Ad/Al), units (Ertel and Hedges 1985). In addition, recently proposed
degradation parameters based on the lignin dimer composition which have been proposed for the
characterization of lignin in sediments (Gofii and Hedges 1992) were applied here for the first time to
lignin in soils.

Results and discussion
Carbon and nitrogen contents and CuO oxidation yields

The carbon and nitrogen contents and yields of CuO products are given in Table 2. The carbon contents
ranged from 29.7 to 50.9% in the plant samples, 52.0% in the pine leaf litter, 23.2% in the organic (O)
horizon and 2.1-14.2% in the mineral horizons (A). The nitrogen contents varied between 0.5-1.4% in the
plant samples and 0.2-0.8% in the soil horizons. The atomic carbon to nitrogen (C/N,) ratios of the plant
samples were generally high and decreased in the soil. The carbon content of the roots is lower than the
overlying vegetation suggesting that not all of the soil particles were sufficiently removed during sieving.

Table 2. Carbon and nitrogen contents and total extract yields after CuO oxidation of soils and source vegetation from Alberta,
Canada.

Samples Carbon (%) Nitrogen (%) C/N! Yields (mg/g C)
Grassland soils

Roots of Western Wheatgrass 29.7 0.8 43 301.6
Western Wheatgrass 1(BrCh) 46.0 0.7 77 109.4
Western Wheatgrass 2 (DBrCh) 44.2 0.9 57 125.5
Decomposing Western Wheatgrass 34.8 1.4 29 110.1
Brown Chernozem Ah horizon 2.1 0.2 12 52.8
Dark Brown Chernozem Ah horizon 2.8 0.3 11 57.5
Orthic Black Chernozem Ah horizon 4.4 0.4 13 37.4
Eluviated Black Chernozem Ah horizon 5.3 0.4 16 25.6
Aspen-grassland soil

Brown leaves of Quaking Aspen 50.9 0.5 119 112.5
Dark Gray Chernozem Ah horizon 14.2 0.2 83 248.0
Dark Gray Chernozem Ahe horizon 5.0 0.3 19 63.4
Pine forest soil

Green needles of Lodgepole pine 50.5 1.0 59 200.0
Brunisol leaf litter 52.0 0.9 67 135.1
Brunisol O horizon 23.1 0.8 34 252.7

'C/N, = Atomic ratio of carbon to nitrogen.
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Fine particles, such as clay minerals, may adhere to the roots making it difficult to obtain a ‘clean’ root
sample. The grass samples yielded 110.1-301.6 mg phenols/g C and the grassland soils 25.2-52.8 phenols
mg/g C after CuO oxidation. Despite their higher carbon content, the Black Chernozems yielded less CuO
oxidation products than the Brown Chernozems. The plant and soil samples from the aspen-grassland
transition soil (Dark Gray Chernozem) yielded 63.4-248.0 mg/g C with the highest amount in the O
horizon. The CuO oxidation products extracted from the pine needles, leaf litter and pine forest O horizon
varied between 135.1 and 252.7 (mg/gC) with the highest yields from the O horizon.

Composition of CuO oxidation products

The CuO oxidation of plant and soil samples yielded predominantly monomeric and dimeric phenols and
benzoic acids (Figure 1). The occurrence and concentrations of individual phenols and benzenes in the
samples analyzed are given in Table 3 (grassland soils) and Table 4 (Aspen-grassland soil and Pine forest
soil). CuO products observed in all soil and plant samples included benzoic acid, p-hydroxybenzaldehyde
and m- and p-hydroxybenzoic acid and 2-carboxypyrrole which were reported as the CuO oxidation
products of proteins (Goili et al. 2000). Another group of benzenes consisting of 3,5-dihydroxybenzoic acid
(3,50H-Bd) and benzenepolycarboxylic acids (BPCAs) was detected in all of the soil samples but was not
detected in the grass samples and less abundant in the Aspen leaves and Pine needles. 3,50H-Bd and
BPCAs have been previously identified in numerous soils and soil humic acids after CuO oxidation
however, BPCAs are to our knowledge reported here for the first time as CuO oxidation products of plant
materials. Within the four grassland soils, the concentrations of the protein-derived benzenes decreased
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Figure 1. GC-MS chromatograms (TIC) of the silylated CuO oxidation products of (a) Western Wheatgrass and (b) the mineral
horizon of a grassland soil (Brown Chernozem) from Alberta, Canada.sr =contamination. Peak labels are listed in Table 3.



127

q 8¢ 8¢ S 4 €LT 961 6% L6V pIoe oI[IueAUI[IUBAOIPAY PA-IA
q S1 1 1€ 9T 89 vLI 9C1 6C¢ SUO[[IUBAOJIBUI[IUBAOIPAYS(T UA-TA
q 8T 0T Ly 6¢ S€T 68t LTS €8¢ UI[[TUBATPOIPAYR(T IA-TA
Sdoui1p U3y
I181¢ YOLE 669 LT8S 10081 6869% 6080 0£665 sIswouour Urusy [ejoL
678 TSI 0$ST 0LST 108¢C 1€€6 T6STI LSLET sjAwreuuo [ejo L,
1 95t 96S 868 PEET 661 1L STIs 9088 pIo®E o1NId | pd
T €6¢ 96 ¥€9 €L 9L 060 LoYE $89% proe otrewno)-d PO
T - - 81 €S S - - 99T pIoE Orureuu©oIpAH PIDOH
spdwmuu)
Y01 €011 LTkl LTyl YOIL 19281 8990¢C $6991 S[ASuLIAS [10,
1 I8 65 €S €9 LOT - - - proe oideurg pIS
q 6L1 SS1 9¢1 9p1 SIg Ty 1T 96S proe d1exoA[3[AZurikg 3
S 96¢ LOY 208 by 6661 9601 20S$ €TLY proe JISuLIAS pS
q 8Pl 061 €9¢ ¢ 6LYT 9LTH €6LS 61LT SUOZULIAS0)OY us
S 0¥C T6C €LY I$S 43 L1t6 T5¢€6 L598 apAyspleSuLIAS IS
88T 6501 TeLl 0€81 9608 L6E6T 6¥S8T 8LY6T SIATUEA [EI0,
q 15T 97T S0¢ 443 96L 65€T €08 19¢¢ PpIoE JIEXOK[SIATURA 3A
S €SS LTh L69 10L 7961 ¥99C 66YC T09L pIo® OI[[IUeA PA
A 161 Y91 6£C S€T 0601 8TET ¥9€T 668% SUOI[IUBA0IDY UA
S €6C e 18t TLS 88TY 90€1 £88C1 919¥1 UI[[IuUBA IA
stouiouowd :.:mwww\
S 669 I¥L we €€T 0 0 0 0 [e10],
S — - — — - — - — PIOE JI[AX0QIBORIJIIUIZUIG -G LT | vOd-SYTl
S I1S1 0L1 L1 61 - - - - pIoe OIIAX0qIedLI}aUZUSY -G ¢ | VOd-$¢1
S 0LT 97T 99 09 - - - - PIo€ OIAXOQIBILIIOUZUIG T VOd-+T1
S 8T £ LT - - - - - pIoE d1[AX0QIBIPIUdZUdY - | vOd-+1
S 0S¢ at3 43 ¥S1 - - - - p1oE J10zuaqAX0IPAYI-G°¢ P-HOS €
%mﬁmmtmﬁ xMQNQ
166 9¢8 1011 14! 0021 168 S6b 8€TY [e10L,
1 LIE €0¢ YLT 01c 81 €01 91 31 s[orrkdAxoqre)-g doe
T 6ct e (34 TL9 ¥0S She 611 ¥08¢C (HO-¥) proe d1ozusqAxoIpAH-d pd-HOYV
1 € 6 69 8 91 8T SI 434 (HO-€) proe d10zuaqAxoIpAH-w pd-HO¢
T 96 08 991 1LT 434 1€ S0g £88 opAyaprezuaqAxorpAyg-d 1g-HOd
S 9C1 68 €51 602 66 9 o 10€ proe olozuag pd
s1onpo.d paariop-u121o4g

LUDIdd it MiigXt: (e Mights| LSSeIS 000Qg +C SSeID ol SSBID 5100y
oal (D 8/3) uonenuadouo) Jwreu punodwo) ‘ON

‘epeUR)) ‘B1I9q[y WO1J UO0ILId89A 90INO0S PUE S[I0S PUB[SSEIS Jo uonepixo On 19)je paynuapt spunodwods 10fejN € ajgn ]



128

‘prepueis =g Kreiqi[ SN A9 =T ‘suroned uonejuswsely SN Jo uonejardiur =1 ‘761 S9SPIH pue IWOD =g ‘pL61 BILON =V UONEIYNUIP] = (I,

"V (10§ OIWaZowIay) Yor|g PARIAN[T = YOG

YV (10§ OIAZOWIY) Yor[g = Y[ ‘YV [I0S dMUZOUIdY)) umolq JIed = yDIgJ YV [10S SIUIZOUI)) UMOIg = YDIg “9)IS WOZOUID) umolg ay) woij sseid Surisoduwrodap —ssein
"009(] “9)IS OIWAZOWIAYD) UMOIg YIB( 9Y) WOI] UONLIITIA =7 SSBID ‘9)IS WAZOUIAYD) UMOIF 9] WOIJ UONEBIAFIA = [ SSBID) QYIS OIWAZOUIAYD) UMOIg YIB( WOIJ SJ001=S100Y,

€916 89%$ 66£9 SPLL 1690C L9T0S 2001S €8189 sjoudyd pue souszudq [B10],

€L¥E 168¢€ 9505 9909 16v61 9LEGY LOSES SP6€9 SIOWIP PUB SISWOUOW [10],

6T L81 LS€E 6€C 06¥1 L8ET 869C S10% SIOUWIP UIUSI [B10],

0 0 0 0 86 (4012 vTe 6LS SISWIP SUOIYIP-1°g [BI0L

q - - - - €1 6L €1 79 [ISuLIAS 050§
q - - - - I 671 19 60T [ISuLIAso[IueA OSOA
q - - - - 147 vLI 0S1 80¢ [I[IueA OAOA
L 9% €1 Is 434 S9C 433 [4Y4 sIoWIp [AYIOW-70 [BI0L,

q (34 61 LT ST 6€1 €T IS 8v1 poe oISULIAS|AFULIAS-T pSTws
q - - 1 - 9T L9 IS% - QUOFULIAS0JIR[ASULIAS-T ugzws
q - - 93 - 47 - 85T - OpAYOP[ESULIAS|ATULIAS-T ISgws
q 6C - IC 91 - - - - proe JIFuLIASAT[IUEA-T PSTWA
q - - ST 01 - - - - QUOZULIASO)IRIA[[TUBA -T USTWA
q - LT 81 - 34 09 - ¥01 opAyapeSuLIAs|A[[IueA-g ISTWA
11 01 81 IC 99¢ €8 0611 6611 SIOWIP AUOJONOUOW-[ K [BIO],

q - - - - 1€ 48! - 8LT suoguLksosuLIAg oSS
q - - 01 6 681 S9F L09 108 QUOSULIASO[[IUBA OSA
q 11 01 8 Tl 91 65T €89 ocy SUO[[IUBAO[[IUBA OAA
60T I€1 102 L91 LS 688 €6 6891 SIOWIp-,°G [BIO,

q €L |82 S LE €9 99 e LST POk OI[[IUBAIPOIPAYR( PA-PA
q S IC 14 L1 93 - 9 611 PIoE JI[[IUBASUO[[IUBACIIBOIPAYR( PA-UA

L0199 U014 Mtight:lel L01d LSSBIS 000(] oC SSBID o SSeID $100Y
oal (D 3/3v) uonenusouo) owreu punodwo)) ‘ON

"panunuO) "¢ gn L



129

1488 0F9P1 €8911 Rizd! 66L81 L800T SIOWOUOW UTUSI| [BI0,
8L SLOT 798 443 $69¢C €Epl S[AweuuId [€)0],
1 vig 89¢1 1LY S61 ¥€91 61 proe JnnIo pA
1 1944 759 (%43 L11 786 TII proe durewno)-d PO
1 1€ Ss 89 €l €L 6C1 PIOE JMUEUUOIPAH PIDH
658 910¢ 0 65 9819 €9¢t S|ASuLifs [pjoL
1 - - - [ 8€T 79 proe oideurg pIS
q 6 991 - 16 (439 6 proe JIex0A[S[ATuLIkg 3
S €9¢ 8 - €81 6161 S8 proe J15uLIAg pS
q 161 €58 - 16 89¢1 TIL QUOFULIAS030Y ug
S €1 LIl - s 6TTT 967T opAyapresurikg IS
Yol1L 6¥56 12801 89 8166 162 SIAT[IUEA [B30L,
q Ye01 9111 YLET 11c 1821 0€S proe orexof[SA[Iue A 3A
S 9897 L961 €LYT 96T 181¢ 9601 pIoE dIf[IueA PA
\% 6201 L9ET cepl LOT (434 799 SUO[IUBA0IROY UA
S SPbe 660S 18299 0L YL6E €002 UI[[IuUEA A
saouiouowt U3y
S 911 68t 029 89¢ I8LT 969 ey,
S 611 - - 0€ 9¢1 - pIo€ OIJAX0QIBORIIUAZUIG -G L T’ VOd-S¥Tl
S 0¢ - 0T 8T 6 9L PIo® OIAX0QILILIOUZUIG-G ¢ | VOda-$€T
S I€1 95 LS 48! (4 011 PIoE JI]AX0QIBILIISUZUdY -4 T | vOd-+T1
L6 891 - Y01 veT - PIO® ONAX0QIBIIPIUSZUSG - vOod-+'1
S 8L §9T €S v6C 0911 01 pIoe 510zuaqAx0IpAYIJ-G ¢ Pa-HOS €
uA«uQ«uNth kE\NQ
L6Y1 iZ43! 986T 6€L 1L¥€ €LET el
T €91 €0T 8LT 8¢ 88Y 61T sroxrkdAxoqre)-g doe
1 99L L8S 7801 89S [{A $69 (HO-t) pre d10zuaqAXoIpAH-d pd-HOY
T 61C ob1 66L €8 18¢ S9T (HO-¢) proe o10zudqAXoIpAH-ut Pd-HOS
1 Syl 062 sTT 8 €€e 6 apAyaprezuaqAxoIpAH-d 14-HOd
S ¥0T Y01 70T 9 L9S 201 pIoE drozudg pd
%NE&NNQ(S. qu\r:b%.:wmﬁinw

2O unig HAT unig QUuld LUV UDIDA AV UDIDA Luadsy
g ai (D 3/3v) uonenusouo) owreu punodwo) "ON

‘epeUR) ‘B}IAQ[Y WO UONEBIIFIA 90INOS PUE S[I0S 1S90 JO

uonepIxo QN I1d9yye paynuopt spunodwod I0leN  “# 2)gn L



130

‘prepuels =g ‘Areiqr SN A3[Ipm =1 ‘suzened uonejuswdeyj SN JO uonelardiopul =1 7661 SITPOH PUE IUOD =g pL6] EIION =V UONEIYNUIPL =,
"u0z110Y J1ueSIOo (108 JOSIUNIg = ) Unig ‘19Ke[ 10131 Jed] [10S OIjosiunlg = H,{T unig ‘s [osiunig oy} woij
uonejedoa auid =auld Oy [10S WAZouIdD) AvlD) YIe =Yy YDINJ YV [10S WZouIdy)) Aeln) Yo =Yy YDID QIS Wozoulay) Aeln) yied ) wolj uonejddos uadse = uadsy,

(V24! 19¢L1 TL8ST £08¢C 8L8YT L9STI sjouayd pue souozuaq [ej0],
06L6 8PSS1 999C1 961 97961 86101 SIaWlip pue sIowouow [e10],
6¥6 806 €86 8y LT8 [R84 SIOWIP UIUSY [eI0],
66 P01 8L1 9 69 6¢1 SISWIP AUOINIP-[‘g[eIoL
q - - - - - s¢ [15utfg 0sos
q - - - - - 1€ [ISunksofueA OSOA
d 66 Y01 SLI 9 69 €L [HIueA OAOA
66 9T 0¢ 61 €8 601 SIDWIP [AYIOW-70 [BI0],
q - - - €l €8 - pioe I3uLIAS|ATULIAS-C pSTwS
q - - - - - 601 QUOSULIASOJOR[ASULIAS-T ugzwsg
q - - - - - - OPAYOP[eSULIAS[ASULIAS-T ISTwS
q 99 - - 9 - - proe oISuLIAS|A[[IuBA-T PSTWA
q - - - - - - QUOSULIASOJORIA[[TUBA -T USTWA
q €€ 4 0€¢ - - - opAyop[eSULIAS[A[[TUB A -T [STWA
9T SLT 48! 1 (44! €€ SIaWIp dUOIAYOUOW-[ 0 [BIO],
q - - - - - - QUOSULIASOSULIAS 0SS
q - 001 - - 701 €€ ouoSuLIASo[[IuBA OSA
dq 9T SL CIl 1 (114 - QUO[[IUBAO[[IUBA OAA
d 88 0¢ 0¢ 61 69 cl PIoE JM[IUBAIPOIPAYR PA-PA
SCL €09 €99 (44 £es 0¢l sIowIp-,G°G [e10],
d 6¢C1 oy L9 - 69 - PIOE OI[[IUBASUO[[IUBA0IOLOIPAYIT PA-UA
d [4%4 Sel 9¢l - (44! 8¢C PIOE JI[[IUBAUI[IUBAOIPAYS( PA-TIA
d (341 941 6S1 - 11 61 SUO[[IUBAOJRIBUI[[TUBAOIPAYIT UA-TA
dq €el €ST ILT € (44! IL UI[[IUBAIPOIPAY( IA-TA
Saouitp uus1y

2O unlg <HAT unig _Uld LUV U01Od LUV UDIDAd Luadsy
- al (D 8/31) uonenuaouo) oweu punodwo)) ‘ON

"panunuo) ‘¢ gL



131

from the Brown to the Black Chernozems while the second group of benzenes (3,50H-Bd, BPCAs)
exhibited the opposite trend.

The identified phenolic monomers and dimers of the vanillyl, syringyl and cinnamyl classes are typical
CuO oxidation products derived from lignin (Hedges and Mann 1979; Hedges and Ertel 1982; Goiii et al.
2000). Monomers of the vanillyl and cinnamyl type were identified in all soil and plant samples, and
syringyl phenols were detected in all samples with the exception of the Pine needles. A series of dimeric
phenols was identified according to Goiii and Hedges (1992) and included5, 5 —,a, 1-monoketone,
o, 2-methyl and B, 1-diketone dimers with the 5,5"-dimers as the most abundant class in all soils and plants.

Sources of phenolic and aromatic CuO oxidation products

The composition of lignin-derived phenols is characteristic of major plant groups. Gymnosperm wood
contains only vanillyl derivatives while angiosperm wood is composed of approximately equal quantities of
vanillyls and syringyls (Hedges and Mann 1979; Hedges and Ertel 1982). In addition to their respective
contents of vanillyls or vanillyls/syringyls, non-woody vascular plant tissues of gymnosperms and angio-
sperms (e.g., conifer needles, grass, angiosperm leaves) contain cinnamyl units that are part of the lignin
macromolecule or link carbohydrates and lignin in the ligno-cellulose complex (Iiyama et al. 1990; Lam
et al. 2001). Therefore, the ratios of syringyl to vanillyl (S/V) and cinnamyl to vanillyl (C/V) monomers are
indicative of the botanical origin of the lignin and have been used to assess the source of lignin in soils and
river sediments (e.g., Ertel and Hedges 1984; Prahl et al. 1994; Goiii et al. 2000). The plotted C/V versus
S/V ratios display that the source vegetation and corresponding soil samples lie near each other, indicating
the preservation of characteristic lignin patterns in these soils (Figure 2). Soil horizons from the Pine forest
soil (Brunisol) are characterized by low S/V ratios (0.1-0.3) due to the absence of syringyl phenols in
conifer lignin as documented by the S/V ratio of 0 in the Pine needles (Table 5). Low concentrations of
syringyls were detected in the leaf litter and O horizon from the Burnisol site and it is hypothesized that
these compounds originate from angiosperm species such as grasses that may be growing in the Pine forest.
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Figure 2. Plot of lignin source parameters for soil and vegetation samples from Alberta, Canada. C/V =cinnamyl/vanillyl phenols,
S/V =syringyl/vanillyl phenols. (1= grassland; <= Aspengrassland transition, A =Pine forest. White=plant samples, black-and-
white = leaf litter and decomposing plants, grey =DrGCh upper horizon (Ah), black =soil mineral horizon A.
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Table 5. Lignin composition and source parameters of soils and vegetation from Alberta, Canada.

Samples S/ve C/V? D/MP® SR/RR® LPVI°
Grassland soils

Grass roots 0.6 0.5 0.07 1.4 237
Grass (BrCh) 1.2 0.7 0.05 1.9 800
Grass (DBrCh) 1.0 0.5 0.05 1.7 476
Decomposing grass 0.9 0.4 0.08 1.6 276
Brown Chernozem Ah 0.8 1.4 0.05 0.4 1278
Dark Brown Chern. Ah 0.9 1.1 0.08 0.8 1090
Orthic Black Chern. Ah 1.1 1.9 0.05 0.4 2608
Eluv. Black Chern. Ah 0.8 0.8 0.09 0.4 635
Aspen-grassland soil

Brown Aspen leaves 1.0 0.3 0.04 2.2 285
Dark Gray Chern. Ah 0.6 0.3 0.04 0.6 129
Dark Gray Chern. Ahe 0.7 0.7 0.03 1.2 423
Pine forest soil

Pine needles 0 0.1 0.08 0.5 2
Brunisol leaf litter 0.3 0.2 0.06 0.5 41
Brunisol O horizon 0.1 0.1 0.11 0.3 5
Literature data

Gymnosperm needles® 0-0.15 0.2-0.6 0.17 - -
Gymnosperm wood? 0-0.15 0-0.05 0.17 - -
Angiosperm leaves® 0.7-2.0 0.3-0.6 0.12 - -
Angiosperm leaves (grass)” 1.0 0.7 0.09 - -
Angiosperm wood? 0.8-3.8 0-0.05 0.04 - -
Conifer forest soil® 0.2 0.2 - - -
Deciduous forest soil® 0.4 0.08 - - -
Gymnosperm wood’ - - - - 1
Gymnosperm needles’ - - - - 12-27
Angiosperm wood® - - - - 67-415
Angiosperm leaves' - - - - 378-2782

4S =syringyl phenols (syringaldehyde, acetosyringone, syringic acid), V =vanillyl phenols (vanillin, acetovanillone, vanillic acid),
C=cinnamyl phenols (p-coumaric acid, ferulic acid).

°D/M = Dimeric lignin phenols/monomeric lignin phenols. SR/RR: Sidechain-ring dimers/ring-ring dimers=(B,1 +al +22)/5,5-di-
mers (Goni and Hedges 1992).

°LPVI: Lignin Phenol Vegetation Index. LPVI = [{S(S+ 1)/(V+ 1)+ 1}x{C(C+1)/(V+1)+1}]. V= vanillin + acetovanillone +
vanillic acid; S = syringealdehyde + acetosyringone + syringic acid; C = p-coumaric acid + ferulic acid. V, S and C expressed as %
of total VSC (Tareq et al. 2004).

dHedges and Mann 1979; Goni and Hedges 1992; Goili et al. 2000.

“Prahl et al. 1994.

Mareq et al. 2004.

The S/V ratios of the soils and plants from the grassland and Aspen-grassland soils are between 0.6 and 1.1
and reflect the angiosperm origin of the lignin. The soils and plant samples from the grassland soils had
very high C/V ratios (0.4-1.9) due to high cinnamyl contents typical of grasses (Hedges and Mann 1979;
Goni et al. 2000). The results are comparable to previously reported C/V and S/V values for conifer forest
and grassland soils (e.g., Ugolini et al. 1981; Ertel and Hedges 1984). In addition to the C/V and S/V ratios,
the ratio of lignin dimers vs. monomers (D/M) is characteristic for angiosperm or conifer sources (Goni
and Hedges 1992). D/M ratios calculated for the soils and plants analyzed in this study were low in the
Aspen-grassland samples (0.03-0.04), intermediate in the grassland soils (0.05-0.09) and the highest in the
Pine forest samples (0.06-0.11) (Table 4). This is in accordance with a higher degree of cross-linking
predominantly at the 5,5 position of vanillyls abundant in conifer lignin. Cross-linking at this position is
impossible for syringyl units due to methoxy group at this location within the molecule (Gofii and Hedges
1992). The characteristic composition of lignin dimers with a predominance of 5,5’-dimers accompanied by
lower amounts of o, 1-monoketone, o,2-methyl and B,1-diketone dimers as detected in the plant samples is
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preserved in the soil samples and agrees with previously published data on the woody and non-woody
tissues of angiosperms and gymnosperms (Gofii and Hedges 1992).

The lignin phenol vegetation index (LPVI) was recently proposed by Tareq et al. (2004) to characterize
the lignin composition in peat and is based on the relative abundances of vanillyl V, syringyl S and
cinnamyl C type phenols. The formula for this parameter is: LPVI=[{S(S+1)/(V+1)+1} x {C(C+1)/
(V+1)+1}, and results in a value that provides information about the lignin sources. Tareq et al. (2004)
stated that the LPVI provides a better resolution than other lignin parameters such as C/V vs. S/V to
determine the source vegetation type in complex mixtures such as OM from peat and soils. In contrast to
the C/V and S/V ratios, the LPVI yields non-overlapping data for woody and non-woody gymnosperms
and angiosperms, respectively (Table 5). The LPVI values for the grassland, Aspen-grassland and Pine
forest soils analyzed here are within the ranges reported by Tareq et al. (2004) (Table 5). LPVI values for
the soil and plant samples from the grassland (237-2608) and the Aspen-grassland transition are charac-
teristic for non-woody angiosperms (LPVI 378-2782), and the low LPVI for the Pine forest samples (2—41)
are typical for predominantly non-woody gymnosperm tissues (LPVI 12-27).

Benzene derivatives such as benzoic acid, p-hydroxybenzaldehyde and m- and p-hydroxybenzoic acid and
2-carboxypyrrole were reported as the CuO oxidation products of proteins (Gofii et al. 2000). Since hy-
droxybenzaldehyde and the hydroxybenzoic acids may also be derived from lignin, their origin from either
lignin or proteins cannot be distinguished (Hedges and Parker 1976; Goili et al. 2000) and they are thus not
included in the lignin-derived markers here. Tannins and other flavonoids have been suggested as the
sources for 3,5-dihydroxybenzoic acid (Gofii and Hedges 1992, 1995; Prahl et al. 1994). Benzenepoly-
carboxylic acids (BPCA) have been reported as chemical oxidation products from humic material extracted
from coal and paleosols (Schnitzer and Calderoni 1985; Hidnninen 1992) and as black carbon markers
(Glaser et al. 1998; Glaser and Amelung 2003) and represent highly altered molecules. Although the exact
biological sources are unknown, the BPCA are likely derived from condensed aromatic/phenolic bio-
molecules such as tannins or lignin or from the incomplete combustion or pyrolysis of organic materials.

Degradation parameters

Laboratory studies have demonstrated that the yields of CuO oxidation products from wood decrease with
progressing biodegradation by white-rot fungi (Ertel and Hedges 1985; Hedges et al. 1988; Opsahl and
Benner 1995). Therefore, the yields of eight major lignin phenols of the vanillyl, syringyl and cinnamyl
classes (vanillin, acetovanillone, vanillic acid, syringaldehyde, acetosyringone, syringic acid, p-coumaric
acid, ferulic acid) expressed in mg/100 mg C (A8), mg/10 g bulk (£8) or mg/g C (VSC) are commonly
calculated. The concentrations of major lignin phenols (VSC) obtained from the plant and soils samples
analyzed here are comparable to previously reported yields (e.g., Goiii et al. 2000). The VSC yields in plant
material are generally higher than in soils (Table 6, Figure 3a). Furthermore, the organic horizons contain
higher VSC concentrations than the mineral horizons indicating a progression in lignin degradation along
the soil profile. Within the grassland soil series, the VSC yields decreased from the Brown Chernozems to
the Black Chernozems suggesting a higher degree of lignin alteration in the Black Chernozems.

The lignin-derived monomeric phenols have been established as valuable parameters for the degradation
of OM in soils and river sediments. Biodegradation of lignin by white-rot or brown-rot fungi changes the
composition of the lignin (Tien and Kirk 1983; Hedges et al. 1988). Side-chain oxidation, cleavage of C-C
bonds and demethylation are the major processes during biodegradation of lignin (Tien and Kirk 1983; ten
Have and Teunissen 2001). The decrease of the S/V and C/V ratios with progressing degradation has been
observed in the biodegradation of wood (Hedges et al. 1988; Goiii et al. 1993; Opsahl and Benner 1995).
Decreasing S/V and C/V ratios are caused by the preferential degradation of syringyls and cinnamyls and
the resulting relative enrichment of vanillyls. Changes in the S/V ratios of the soils and their source
vegetation analyzed in this study was not observed (Table 5) and may be due to differences in the deg-
radation of woody and other types of plant tissues, such as leaves and needles. The vegetation samples
studied were mainly composed of leaves and needles (with the exception of roots) making changes to the
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Figure 3. Plots of degradation parameters calculated from the CuO oxidation products from soil and vegetation samples from
Alberta, Canada. (a) Yields of 8 major phenols of the vanillyl, syringyl and cinnamyl type (VSC); (b) Acid/aldehyde ratios for vanillyl
(Ad/Al), and syringyl (Ad/Al); monomers; (c) Acid/aldehyde ratios for vanillyl dimers dihydrodivanillic acid/dihydrodivanillin (Ad/
Al)yy; (d) ratios of lignin dimers 5,5’-dimers/a, 1-monoletone dimers; (e) ratios of 3,5-dihydroxybenzoic acid/vanillyls (3,50H-Bd/V); (f)
ratios of benzenepolycarboxylic acids/vanillyls (BPCAs/V). O=grassland; <= Aspen-grassland transition, A=Pine forest.
White = plant samples, black-and-white =leaf litter and decomposing plants, grey = DrGCh upper horizon (Ah), black =soil mineral
horizon A.

S/V ratio difficult to interpret. In contrast, the C/V ratios generally increased from the plants to the soils
dominated by angiosperm vegetation indicating the preferential degradation of vanillyls compared cin-
namyls.

The progressing lignin degradation is also reflected by elevated ratios of lignin-derived phenolic acids and
their corresponding aldehydes (Ad/Al) for both vanillyl and syringyl units (Ertel and Hedges 1985; Hedges
et al. 1988; Opsahl and Benner 1995). It was reported that the (Ad/Al), ratio increased from 0.15 to 0.5
during biodegradation of wood by white-rot fungi within 12 weeks (Hedges et al. 1988). Therefore, the
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(Ad/Al), and (Ad/Al), ratios are commonly used as indicators of the level of lignin degradation in soils and
sediments (Ertel and Hedges 1984; Hedges et al. 1988; Gofii and Hedges 1992; Goni et al. 1993, 2000;
Amelung et al. 1999). Both vanillyls and syringyls typically have (Ad/Al) ratios of 0.1-0.2 for fresh
angiosperm and conifer wood, and higher values of 0.2-1.6 were observed for non-woody tissues such as
leaves, needles and grasses (Hedges and Mann 1979; Hedges et al. 1988; Benner et al. 1990; da Cunha et al.
2001). For the comparison of data it has to be noted that the (Ad/Al) ratios determined by TMAH
thermochemolysis were found to be much higher than those measured by CuO oxidation (Hatcher et al.
1995; Nierop and Verstraten 2003). Increased (Ad/Al) ratios from 0.6 to 7.6 were reported for vanillyl and
syringyl monomers obtained from soils and sedimentary plant fragments with the highest values in riverine
OM and mineral soil horizons (Ertel and Hedges 1984, 1985; Goii and Hedges 1992; Nierop and Ver-
straten 2003). The observed increase of (Ad/Al) ratios with soil depth (e.g., Sanger et al. 1996) suggests that
the lignin in the mineral horizons is more degraded than in the organic horizons and in leaf litter layer. (Ad/
Al),, and (Ad/Al), ratios for the samples analyzed in this study ranged between 0.2 and 0.5 for the plant
samples and 0.8-4.2 for the soils (Table 5). Both ratios increased in parallel (r=0.94) from the plants to the
organic horizons and from the organic to the mineral soil horizons (Figure 3b) reflecting the concomitant
and progressing oxidation of vanillyl and syringyl units. The (Ad/Al) ratios indicated the highest degree of
oxidation in the Aspen-grassland soil. This is in agreement with previous studies and indicates that the
lignin degradation in forest soils is higher than in grassland soils due to optimal environmental conditions
(pH, temperature, moisture) for the lignin-degrading microorganisms (Paul and Clark 1988). A linear
increase was observed within the grassland series from the Brown Chernozem to the Eluviated Black
Chernozem (Figure 3b). The same trend of increasing (Ad/Al) ratios with decreasing mean annual tem-
perature (MAT) has also been observed previously in a series of grassland soils from different climatic
zones (Amelung et al. 1999). The authors concluded that the lower degree of lignin oxidation in warmer
climates is probably caused by inhibited biodegradation due to less availability of the readily metabolized
carbohydrates and/or proteins which are needed for co-metabolic biodegradation of lignin. Furthermore,
warmer climates may also cause dryer conditions that may also limit the rate of biodegradation.

Lignin phenols have been identified among the CuO oxidation products of lignin, and several degra-
dation parameters based on the lignin dimer composition have been proposed for the characterization of
lignin in sediments (Gofi and Hedges 1992 and references therein). The advantage of using dimers is that
their origin solely is from lignin while phenol monomers such as vanillin, vanillic acid and ferulic acid are
also found in the suberin biomacromolecule in roots and bark (Kolattukudy 1981; Kolattukudy and
Espelie 1989; liyama et al. 1990; Lam et al. 2001). Analogous to the (Ad/Al), ratio for the vanillyl
monomers, the ratios of the 5,5-dimers dihydrodivanillic acid to dihydrodivanillin(Ad/Al)ss,, was cal-
culated for the Canadian soil and vegetation samples (Table 5) and were found to increase proportionally
with the (Ad/Al)v ratios (r=0.98). These data suggest a similar degradation of vanillyl type monomers and
dimers in the soils and plants (Figure 3c).

Ratios of the predominant 5,5’-dimers over thea, 1-dimers (5,5 /o, 1) and the B, I-dimers (5,5 /B, 1)
increase from the plants to the soils indicating the preferential degradation of the side chain-ring dimers
(o, 1 and B, 1 dimers) compared to the more stable ring-ring linked 5,5-dimers (Table 6). Ratios of the
5,5'/a, 1-dimers do not reveal a consistent trend with the exception of the Pine forest soil (Brunisol) where
the 5,5 /a,1 ratio was found to increase with increasing (Ad/Al), ratios (Figure 3d). This difference
between the angiosperm (grass, Aspen) and conifer samples is caused by the high abundance of 5,5’-dimers
in the undegraded gymnosperms (SR/RR =0.5).

Although originally used as a degradation parameter for lignin (Hedges and Ertel 1982), the ratio of p-
hydroxybenzoic acid to p-hydroxybenzaldehyde (Ad/Al), can not be applied for lignin degradation because
these compounds are known to have other sources in addition to lignin, namely proteins (Gofii et al. 2000).
Despite the mixed sources, the (Ad/Al), ratios increase from the plant to the soil samples (Table 6)
indicating a greater degree of oxidation in the soils in comparison to the overlying vegetation.

The 3,5-dihydroxybenzoic acid (3,50H-Bd) identified in the CuO oxidation products is likely derived
from polyhydroxyaromatic tannins and has been reported to accumulate in decaying plant cells (Prahl
et al. 1994). The ratio of 3,50H-Bd over lignin-derived vanillyls (3,50H-Bd/V) increases with increasing
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degradation and humification and was proposed as degradation parameter for soils and sedimentary OM
(Ugolini et al. 1981; Prahl et al. 1994). In the plant samples analyzed here, 3,50H-Bd was absent in the
grasses, but present in the Aspen leaves and Pine needles (510 and 543 pg/g C) and was detected in all soils
in considerable amounts (132-1,160 pg/g C). The absence of 3,50H-Bd in the CuO oxidation products of
the grass samples can be associated with negligible tannin concentrations in grasses compared to higher
abundances in leaves of dicotyledons and conifer needles (Hernes and Hedges 2004). 3,50H-Bd/V ratios
calculated for the soils were between 0.1 and 0.6 which is in the range of ratios reported for spruce forest
and tundra soils and river sediments (Ugolini et al. 1981; Prahl et al. 1994; Louchouarn et al. 1999; Farella
et al. 2001). The highest ratio was observed for the A horizon of the Aspen-grassland soil and the lowest for
the Pine forest soil. Higher values for the Black Chernozems than the Brown Chernozems within the
grassland soils were observed referring to a higher degree of oxidation in the Black Chernozems. The plot
of the 3,50H-Bd/V vs. (Ad/Al), ratios largely matches the degradation stages for the lignin in soils as
documented by the lignin phenol parameters (Figure 3b—) and points toward the concurrent degradation
of lignin and tannins in the soils. It is unknown if the generation of the 3,50H-Bd is governed by microbial
activities or through abiotic degradation of tannins or other polyphenolic biomolecules.

The yields of 3,50H-Bd in the soils and plant samples are comparable to the abundances of the ben-
zenepolycarboxylic acids (BPCAs) detected in the soils, Aspen leaves and Pine needles. Consequently, the
BPCAs/V ratios display a similar pattern as the 3,5-DHBA/V (Figure 3e—f) and are therefore suggested as a
further degradation parameter. BPCAs have been identified as CuO products from humic material ex-
tracted from peat, coal and paleosols (Schnitzer and Calderoni 1985; Hidnninen 1992) and were reported as
the chemical oxidation products of black carbon (Glaser et al. 1998; Glaser and Amelung 2003). Since the
black carbon, paleosols and coal represent highly altered OM, the BPCAs can be interpreted as indicators
of a higher stage of OM alteration. BPCAs were obtained from black carbon after harsh chemical oxi-
dation (Glaser et al. 1998; Glaser and Amelung 2003) while the CuO oxidation method used here is
comparatively mild. Therefore, the BPCAs detected in the plant and soil samples after CuO oxidation are
probably not derived from black carbon oxidation but from another polyaromatic source. Since the
BPCAs/V and 3,50H-Bd ratios are very similar and slightly different from the lignin phenol parameters
(Figure 3b—f) it is suggested that the BPCAs and 3,50H-Bd detected after CuO oxidation have a common
source, namely tannins or other polyhydroxyaromatic compounds. BPCAs found in soils after harsh
chemical degradation are typically interpreted as black carbon-derived (Glaser et al. 1998). BPCAs have
been reported for a few peat and coal humic acids after CuO oxidation, but it is unknown if these samples
were subjected to burning (Hédnninen 1992). BPCAs identified as the CuO oxidation products of humic and
fulvic acids extracted from soils (e.g., Griffith and Schnitzer 1976) may be derived from black carbon
generated in a fire or from the oxidation of polyphenolic molecules such as tannins or flavonoids. The
presence of 3,50H-Bd and the BPCAs in the Aspen leaves and the Pine needles and their absence in the
grasses suggests that tannins may be the source of these markers because dicotyledons and conifers produce
high amounts of tannins while monocotyledons such as grasses yield only trace amounts of tannins (Hernes
and Hedges 2004). However, additional studies should focus on the source of BPCAs in vegetation and
other pristine samples and determine the mechanisms of BPCA generation with CuO oxidation.

Degradation stages of lignin

Based on the composition of phenols and benzenes yiclded after CuO oxidation, the degradation of
lignin and, in part, tannin derived biomolecules in soils and their overlying source vegetation was
determined. The applied degradation parameters for benzenes and lignin-derived phenols describe the
progressing degradation from the plants to the organic and mineral soil horizons of the grassland,
Aspen-grassland and Pine forest soils. Although the fungal decomposition is believed to be the main
driving force in lignin degradation in soils, abiotic processes such as photochemical alteration or cross-
linking might also play an important role in the lignin alteration in soils and riverine OM (Opsahl and
Benner 1998; Bertilsson et al. 1999; Otto et al. 2005). Furthermore, abiotic degradation/oxidation may
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also be a factor in the generation of highly oxidized benzene derivatives such as polyhydroxybenzoic or
BPCAs. Abiotic mechanisms of lignin alteration should be investigated further as they may play a role in
lignin transformation in cooler climates.

The progressing degradation of grass lignin is documented by the degradation parameters for the fresh
and decomposing grass to the grassland soils. The grass roots exhibited elevated (Ad/Al), ratios com-
pared to the grass blades (Table 6). Lignin phenols such as vanillic acid detected in the CuO oxidation
products of roots are derived from lignin and non-lignin sources such as suberin (Kolattukudy 1981;
Kolattukudy and Espelie 1989) and represent a mixed input. Within the series of the four grassland soils,
the lignin in the Black Chernozems is more oxidized than the Brown Chernozems although they have the
same major source plant (Western Wheatgrass). While the composition of CuO oxidation products of
grasses sampled from the Black and Brown Chernozems are comparable, the total yields individual
products differ. The interpretation confirms previously published results of progressing degradation of
free and base hydrolyzable lipids in these soil samples (Otto et al. 2005). The soils share the same
mineralogy and similar precipitation (Brown Chernozems 413 mm, Black Chernozems 452 mm), but
differ in the mean annual temperature (MAT) (Brown Chernozems 3.3 °C, Black Chernozems 1.7 °C)
(Dudas and Pawluk 1969; Clayton et al. 1977; Janzen et al. 1998; Salloum et al. 2000). According to the
degradation parameters of the CuO oxidation products, the SOM in the Black Chernozems of the colder
climate exhibits a higher stage of alteration than the Brown Chernozems of the warmer climate. Amelung
et al. (1999) suggested that a lack of carbohydrates which are needed for the co-metabolic biodegra-
dation of lignin then results in a decrease of lignin degradation. But, the comparably higher biodegra-
dation of lignin in the Black Chernozems due to sufficient availability of co-metabolites would result in
lower than observed C contents and C/N, ratios. Oxidation of vanillyl and syringyl aldehydes to their
corresponding acids and thus increasing (Ad/Al) ratios could also be affected by abiotic oxidation such
as photochemical processes (Opsahl and Benner 1998; Bertilsson et al. 1999). Furthermore, the abiotic
cross-linking of lignin and other biomolecules is hypothesized to occur in soils (e.g., Hempfling et al.
1991; Leinweber et al. 1994). Therefore, it is hypothesized that the higher alteration stage may be caused
by abiotic alteration of the lignin to a more refractory lignin-based geopolymer through oxidative
processes and/or cross-linking. Alteration of aromatic biomolecules such as tannins to less biodegradable
or bioavailable structures is supported by the increasing concentrations of 3,5-OH-Bd and BPCAs in the
analyzed Chernozems. Derivative thermogravimetry (DTG) and infrared (IR) absorption parameters of
the Brown and Black Chernozems also confirmed that the Black Chernozems contained more carboxyl
groups indicating a more oxidized stage and were more resistant to thermal decomposition than the
Brown Chernozems (Lutwick and Dormaar 1976). The abiotic alteration of lignin to a lignin-based
geopolymer possibly inhibits the biodegradation because the enzymes can not attack the altered struc-
tures. Consequently, the geomolecule is more refractory and accumulates in the SOM.

The degradation parameters for the plant and soil samples from the Aspen-grassland transition (Dark
Gray Chernozem) document a moderate lignin degradation from the Aspen leaves to the O horizon and a
rapid increase from the O horizon to the Ah horizon. The Ah horizon exhibited the highest degradation
parameters in all soils analyzed here indicating a high level of lignin degradation. Compared to grassland
soils, forest soils were found to have higher ratios of fungal over bacterial biomarkers indicating the higher
abundance of fungi in the forest soils due to more favorable environmental conditions (Imberger and Chiu
2001). Since the lignin biodegradation is mainly governed by fungi, the high level of lignin degradation in
the Aspen-grassland transition soil can be explained by the increased fungal activity which results in lignin
biodegradation.

The plant and soil samples from the Pine forest soil (Brunisol) revealed the lowest degree of lignin
degradation amongst the soils analyzed. The degradation parameters indicate only minor lignin alteration
from the Pine needles to the leaf litter and moderate degradation in the organic soil horizon. The results are
in agreement with previous studies reporting the degradation parameters in conifer forest soils are lower
than in angiosperm forest soils (e.g., Guggenberger and Zech 1994; Rumpel et al. 2004). Conifer lignin is
predominantly composed of vanillyl derivatives which are more resistant to biodegradation compared to
cinnamyls and syringyls (Hedges et al. 1988; Goiii et al., 1993; Opsahl and Benner 1995). Furthermore, the
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conifer lignin is characterized by high contents of the ring-ring linked 5,5-dimers (low SR/RR ratio) (Goiii
and Hedges 1992) which are more stable against microbial attack than the side-chain linked monomers. As
a result of the lignin composition, lignin degradation in conifer forest soils progresses slower than in soils
with major input of angiosperms.

Value of lignin phenols as source and degradation parameters for SOM

The CuO oxidation of soils is a quick and reliable method to estimate the sources and degradation stage of
lignin. However, source and degradation parameters based on the phenolic CuO oxidation products of
soils have to be interpreted with caution, because mixed inputs of biomolecules and degradation processes
in the SOM affect the phenol contents in soils. The composition of lignin phenols is characteristic for fresh
woody and non-woody angiosperms and gymnosperms, but degradation processes such as the preferential
degradation of syringyl and cinnamyl units compared to vanillyl phenols can also affect the value of source
parameters calculated for soils. The application of the lignin phenol vegetation index (LPVI) as suggested
by Tareq et al. (2004) for complex mixtures such as peat or soils may give a better resolution than the
commonly used source parameters S/V vs. C/V and should be tested for other soil samples with a mixed
source vegetation. The composition of phenolic CuO oxidation products from soils is further complicated
by non-lignin sources for typical lignin phenols such as suberin from roots and bark or the phenolic
constituents in wood linking cellulose to the lignin macromolecule (ligno-cellulose complex) also con-
tribute to the phenol pool in soils. Therefore, the use of lignin dimers for source and degradation
parameters is advantageous because their origin is solely from lignin. In contrast to the predominantly
ether-linked lignin, phenols occurring in suberin and ligno-cellulose are ester-bound and can be removed
through alkaline hydrolysis (Kolattukudy 1981; Kolattukudy and Espelie 1989). The CuO oxidation
products of soil residues after base hydrolysis exhibited lower degradation parameters than the non-
hydrolyzed soils indicating that the hydrolyzable non-lignin phenols affect the “lignin” degradation
parameters of the total soil (unpublished data). Therefore, the alkaline hydrolysis of soils prior to CuO
oxidation is recommended for more precise information on the lignin sources and degradation in soils.

Conclusions

The comparative analysis of CuO oxidation products from selected grassland and forest soils and their
major source plants yielded detailed information about the sources and degradation of lignin and other
phenolic biomolecules such as tannins in soils. The composition of lignin-derived phenols detected in the
soils matches the phenol patterns observed in the major source plants indicating the preservation of
characteristic lignin compositions in the soils. The grassland, Aspen-grassland transition and Pine forest
soils can be distinguished by their S/V and C/V ratios, lignin phenol vegetation indices (LPVI), and ratios
of lignin dimers and monomers (D/M, SR/RR) characteristic for grasses (monocotyledons), dicotyl an-
giosperms and conifers. Degradation parameters based on the phenolic and aromatic CuO oxidation
products demonstrate the progressing degradation from the plants to the organic and mineral soil horizons.
In addition to commonly applied degradation parameters such as the acid to aldehyde (Ad/Al) ratios of
vanillyl and syringyl monomers, parameters based on lignin dimers (SR/RR, 5,5 and benzene derivatives
(3,50H-Bd, BCAs/V) facilitated the more detailed analyses of the degradation of phenolic biomolecules in
the soils. Dimeric phenols were previously reported only from wood analyses and sedimentary OM (Goii
and Hedges 1992 and references therein) and are reported here for soils. The use of phenolic dimers to
assess lignin degradation is advantageous in comparison to monomers alone, because their only source is
lignin while the monomers can also be derived from ester-bound moieties of suberin or the ligno-cellulose
complex. Although the exact origin of 3,5-dihydroxybenzoic acid (3,50H-Bd) and a series of benzene-
polycarboxylic acids (BPCAs) is not known, these benzene derivatives are likely not lignin-derived but from
polyhydroxybenzenes such as tannins or flavonoids. The degradation parameters of these compounds
indicate a common origin and are slightly different from the parameters based on lignin-derived phenols.
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